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Abstract 
Recent advancements in cellular cryo-electron tomography, in-cell single-
molecule Förster resonance energy transfer-, nuclear magnetic resonance- and electron 
paramagnetic resonance-spectroscopy delivered unprecedented insights into the inner 
workings of cells. Here, we review complementary aspects of these efforts and provide 
an outlook towards joint applications in the future. 
 
3
Introduction 
The aim of this review is to describe complementary approaches for studying 
protein structure and function directly in cells. Indeed, we believe that much of the 
future of Structural Biology lies in cells and critically depends on our ability to integrate 
the cellular environment as a key parameter in our investigations. This requires new 
and improved methods and experimental rationales, which we shall discuss here. In the 
following paragraphs, we outline how the combined use of cellular cryo-electron 
tomography (ET), single-molecule Förster resonance energy transfer (FRET), in-cell 
nuclear magnetic resonance (NMR) and electron paramagnetic resonance (EPR) 
spectroscopy paves the way for future applications in Cellular Structural Biology [1,2].  
The cellular interior represents an exquisitely complex and very crowded 
environment with little resemblance to the isolated experimental setups that we 
typically employ to study proteins (Figure 1). Instead, it imposes unique 
physicochemical constraints on its components, governing their properties over 
multiple length- and timescales [3]. In addition, every cell type harbors a specific 
biological makeup, both in composition and activity, which adds another level of 
confounding regulatory complexity. The sum of these factors gives rise to the collective 
behaviors of the systems under investigation, manifested in the phenotypes that we wish 
to ultimately understand. For these reasons, major efforts are undertaken to develop 
tools to directly study biomolecules in their native cellular settings i.e. in situ. Recent 
advances in many of these methods achieved impressive degrees of robustness and 
sophistication, which, in turn, produced exciting new insights into the structures and 
functions of proteins in intact cells. They also established the experimental reference 
frame for combined applications in the future.   
Cellular cryo-ET 
 
4
We begin our journey at the nanometer to subnanometer resolution level and 
introduce cryo-electron tomography (cryo-ET) as a tool to explore the molecular 
architecture of macromolecular protein complexes in their native cellular settings. 
Spurred by recent breakthroughs in detector technologies [4], image processing and 3D 
reconstruction [5], and sample preparation [6], cryo-ET is joining single-particle 
electron microscopy (EM) at the center stage of the ongoing ‘revolution in resolution’ 
[7]. Owing largely to its integrative role between molecular and cellular Structural 
Biology [8], cryo-ET is poised to enact a leading role in future studies addressing the 
molecular sociology of cells in close-to-atomic detail [9].  
The general principle of cryo-ET is to record 2D projection images of a vitrified 
sample along defined intervals of tilt angles, typically -60 to +60 degrees. From these 
projections, 3D volumes or tomograms are constructed. Tomograms are then analyzed 
by segmentation of specific elements of interest, which, in the case of cellular 
specimens, may contain different biological structures such as macromolecular 
machines, cytoskeletal filaments, membrane compartments or entire organelles. By 
extracting and combining multiple instances of such components in a procedure called 
subtomogram averaging [10], medium to high-resolution structures can be obtained. In 
this way, experimental single particle information is turned into representative 
ensemble descriptions of the structures under investigation. Alternatively, known high-
resolution structures can be fitted into individual tomograms to produce realistic models 
of the spatial organization of the intracellular space. Several technical advances 
propelled cellular cryo-ET applications in recent years, with the introduction of direct 
detector devices (DDD), i.e. direct electron detectors as one key contribution. In 
contrast to previous charge-coupled devices (CCDs), DDDs exhibit greater sensitivity 
in terms of detective quantum efficiency (DQE) and higher frame-rates of image 
 
5
acquisition for fast recordings of multiple frames. Thus, they enable procedures to 
correct for specimen motions and drifts in post-acquisition image processing. Both 
sensitivity and readout speed produce higher resolution in the respective 3D 
reconstructions.           
Cellular cryo-ET is generally limited by how far electrons can penetrate through 
a sample. This restricts in situ applications to specimens that are less than ~0.5 m thick 
i.e. small prokaryotic cells or peripheral regions of intact eukaryotic cells. To study 
bulkier objects, cellular sections have to be prepared by either mechanical trimming i.e. 
cryo-sectioning of frozen hydrated specimens (CEMOVIS), or by focused ion-beam 
(FIB) milling of vitrified cell samples [11-13] (Figure 2a). Both procedures create thin 
slices of the cytoplasm in which a small portion of the intracellular volume is preserved. 
The preparation of cryo-lamellae by FIB milling is emerging as the method of choice 
for cellular cryo-ET applications, largely because of the absence of compression 
artifacts and the ability to target and manipulate samples directly on the respective EM 
grids.  
Phase contrast is another important parameter in cryo-ET experiments of 
unstained biological samples. Traditionally, it is obtained by recording 2D projections 
slightly out-of-focus to generate defocus phase contrast. This creates several unwanted 
effects due to oscillations of the resulting phase contrast transfer function (CTF) that 
need to be dealt with. The recent development of a Volta-potential phase plate enabled 
researchers to overcome this problem [14,15] (Figure 2b). Indeed, future applications 
will greatly benefit from cryo-ET setups that combine FIB milling, the use of direct 
electron detectors and Volta phase plates [16], as highlighted by studies of chloroplasts 
and Golgi ultrastructures in vitreous Chlamydomonas cells [17,18], S26 proteasomes 
in intact hippocampal neurons [19], organelle organization in C. elegans embryos and 
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adult worms [20,21] and of the translocon-associated protein complex (TRAP) at the 
ER of human fibroblasts [22].  
One particularly appealing example to illustrate how these technical advances 
shaped our understanding of biological processes carried out by large, membrane-
embedded macromolecular assemblies is the compendium of recent cryo-ET work on 
the nuclear pore complex (NPC) (Figure 2c). Made up of multiple copies of about 30 
different proteins called nucleoporins (Nups), this ~120 megadalton complex allows 
the passage between the cytoplasm and nucleus in every eukaryotic cell. Spurred by 
initial results obtained with isolated Xenopus laevis nuclear envelope membranes [23] 
and intact Dictyostelium discoideum nuclei [24,25], recent breakthroughs extended 
these efforts to different functional states of Xenopus NPCs [26], purified human 
nuclear envelopes containing native NPCs [27-29], and structural NPC studies in intact 
human U2OS [30] and HeLa cells [31]. Whereas these studies provided unprecedented 
structural information about the rigid parts of the NPC, such as the Nup scaffolds 
forming the outer and inner rings of the complex [28,29], they also revealed the inherent 
difficulties to resolve dynamic regions of the complex, including cytoplasmic Nup 
filaments, the nucleoplasmic ‘basket’ structure, and the central ‘plug’ region harboring 
phenylalanine- and glycine-rich (FG) Nup’s that make up the selectivity barrier for 
targeted transport processes (see Figure 1a for an artistic overview). Such high-
mobility parts in large macromolecular assemblies often exist in multiple 
interconverting or disordered conformations that remain invisible due to ‘freezing-out’ 
of inhomogeneous structural populations and sample averaging. In such instances, 
alternative methods such as the ones we discuss next, offer invaluable complementary 
insights. Indeed, single-molecule FRET [32] and NMR spectroscopy [33,34] had been 
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used previously to study FG-Nups in vitro and in intact bacterial cells, thus indicating 
the suitability for joint cryo-ET applications in the future.     
 
In-cell single-molecule FRET 
We continue with single-molecule spectroscopy, which has become a mature 
tool for probing biomolecular structure and dynamics over the past 20 years. FRET 
provides a ‘spectroscopic ruler’ to measure distances and distance dynamics between 
fluorescent donor and acceptor dyes coupled to specific positions in biomolecules 
[35,36] (Figure 3a). The coupling between the two dyes is highly distance-dependent 
and can be read out via the photons they emit upon donor excitation. By counting the 
numbers of donor and acceptor photons or quantifying changes in their fluorescence 
lifetimes, energy transfer efficiencies are determined and converted into distance 
information. Importantly, and in contrast to cryo-ET methods, FRET measurements are 
carried out at ambient temperature and in solution, i.e., under physiological conditions, 
which ensures that experimental results reflect native-like protein properties. However, 
FRET experiments require the attachment of bulky dye pairs to the biomolecules of 
interest, which may interfere with intracellular localization, dynamics and structure 
(e.g. due to hydrophobic effects or charge interactions) and thus necessitate careful 
control measurements.    
Research areas in which single-molecule FRET has proven particularly valuable 
range from the mechanisms of molecular machines [37,38] to protein-nucleic acid 
interactions [39,40], enzymatic reactions [41,42], and protein and RNA folding [36,43]. 
By eliminating drawbacks of experimental ensemble averaging, single-molecule FRET 
can often resolve structural and dynamic heterogeneity inaccessible in ensemble 
methods such as NMR and EPR. In this manner, different conformations are detected 
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as subpopulations with different transfer efficiencies – and thus distances – between 
fluorophores, even when they coexist in solution. In addition, interconversion dynamics 
can be extracted on timescales from nanoseconds to hours and beyond. Specific 
experimental strategies have been developed to access different time regimes, including 
the detailed analysis of photon statistics from freely diffusing molecules, the recording 
of fluorescence trajectories from immobilized molecules, and the use of microfluidic 
mixing devices for non-equilibrium measurements [36]. Additional efforts have led to 
the development of techniques to extract precise and accurate structural information 
from single-molecule FRET experiments [44-47]. When results from multiple samples 
with FRET pairs at different positions are combined, the conformations and 
arrangements of large and even dynamic complexes can be elucidated. However, the 
vast majority of single-molecule FRET experiments has been limited to samples in 
vitro, albeit on some remarkably complex, reconstituted systems [35]. 
In standard fluorescence microscopy, FRET is very popular for characterizing 
biomolecular interactions, most commonly employing the green fluorescent protein 
(GFP) and its variants [48]. However, the relatively large size and suboptimal 
photophysical and photochemical properties of these genetically encoded labels have 
limited their use for quantitative structural studies with single-molecule detection. 
Despite these drawbacks, recent ensemble FRET approaches produced novel insights 
into the architecture of cytoplasmic protein complexes [49,50], the physicochemical 
effects of intracellular macromolecular crowding [51,52], and into the folding and 
stability of proteins within and across different cell types [53,54]. By contrast, single-
molecule experiments for studying protein structures and dynamics in intact cells had 
remained challenging. Whereas single-molecule detection in or on cell membranes was 
achieved early on [55], in-cell single-molecule FRET has become available only during 
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the past five years, due to several experimental requirements that had to be satisfied 
simultaneously [56,57]. In particular, these are (1) the necessity to minimize cellular 
auto-fluorescence; (2) the need for a robust and reproducible method to deliver the sub-
nanomolar sample concentrations required for single-molecule detection, while, at the 
same time, (3) ensuring cell survival and (4) enabling prompt single-molecule FRET 
measurements to avoid intracellular sample degradation, and (5) data analysis tools that 
make optimal use of the limited reservoir of fluorescent molecules per cell. Over the 
past few years, many of these challenges were overcome.  
In 2010, Sakon and Weninger established single-cell microinjection as a 
suitable tool to deliver fluorophore-labeled proteins into intact mammalian cells for 
single-molecule FRET measurements [58] (Figure 3a). Thereby, they solved the 
problem of efficient intracellular sample delivery without compromising cell viability. 
Moreover, they demonstrated the use of FRET dyes with excitation maxima above the 
wavelength range dominated by cellular auto-fluorescence, the major impediment to 
in-cell single-molecule detection. These advances enabled them to study the 
conformational changes of the membrane-fusion protein SNAP-25 in response to 
SNARE complex assembly in mammalian BS-C-1 epithelial kidney and PC-12 
neuroendocrine cells. By optimizing sample delivery and its integration with confocal 
single-photon counting, König et al. succeeded in measuring the dimensions and sub-
microsecond chain dynamics of prothymosin α in intact HeLa cells, demonstrating that 
the disordered state of this protein is preserved in a human intracellular environment 
[56]. They further delineated the thermodynamic profile of heat- and cold-denaturation 
of the marginally stable protein frataxin in live cells and determined the millisecond 
folding kinetics of the protein G B1 domain under physiological cellular conditions 
using recurrence analysis, a technique that benefits from the confinement and reduced 
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translational diffusion that fluorescently labeled molecules experience in cells [59]. 
These results highlight another important aspect of in-cell single-molecule FRET 
measurements: the ability to obtain quantitative information about intracellular protein 
dynamics (see below).   
For the generation of in-cell FRET samples in bacteria, protein delivery by 
microinjection is not suitable owing to the much smaller size of prokaryotic cells. 
Instead, Fessl et al. transfected fluorescently labeled DNA into E. coli via the classical 
heat-shock procedure, yielding suitable samples for in-cell single-molecule FRET 
measurements [60]. Kapanidis and colleagues established electroporation for the 
delivery of fluorescently labeled proteins and DNA into bacterial cells [61] and 
successfully employed this approach to investigate DNA replication, transcription and 
repair [62], underscoring the emergence of in-cell single-molecule FRET approaches 
from classical in vitro applications. Based on these developments, a comprehensive 
experimental framework to characterize the structural and dynamic properties of 
proteins by in-cell single-molecule FRET applications is now in place. However, 
further efforts are needed to resolve persistent problems of cellular autofluorescence, 
photobleaching and the poor overall photon statistics of intracellular FRET probes. 
Figure 3 illustrates confocal single-molecule FRET measurements in 
mammalian cells, including the key optical components required for time-correlated 
single-photon counting and correlation analysis with wavelength- and polarization-
sensitive fluorescence detection and picosecond time resolution (Figure 3b). Protein 
microinjection (Figure 3a) is carried out on individual cells and verified by 
fluorescence intensity or lifetime imaging (Figure 3c). Single-molecule FRET 
measurements are performed until all delivered protein molecules are bleached, which 
typically occurs within a few minutes (Figure 3d). Injection and measurements are then 
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repeated on another cell. Despite these short acquisition times, single-cell transfer 
efficiency histograms provide sufficient statistics to derive information about 
fluorophore-fluorophore distances and the distribution of conformational 
subpopulations (Figure 3e). Cell- or organelle-specific protein properties can be 
delineated from measurements in different cell types or in different cellular regions, i.e. 
the cytosol versus the cell nucleus, for example [56]. Information on equilibrium 
dynamics is available from photon statistics, especially via correlation analysis: 
Examples extend from translational diffusion times in the range of milliseconds [63] to 
fast conformational motions on the sub-microsecond timescale, as observed for global 
chain dynamics of intrinsically disordered proteins [56] (Figure 3d). 
The unique ability of single-molecule FRET spectroscopy to resolve structural 
and dynamic protein properties with high time resolution comes at the expense of 
structural detail and spatial resolution within the cell. In this regard, cellular cryo-ET 
and in-cell NMR offer ideal complementation. FRET detects fluorescence signals from 
individual molecules in single cells. However, information on cellular localization is 
limited by diffraction to hundreds of nanometers. Here, cellular cryo-ET measurements 
at near-atomic resolution are of great complementary value, albeit at the expense of 
being able to access protein dynamics because samples are frozen or vitrified. Whereas 
FRET delineates structural and dynamic information based on engineered pairs of 
fluorophores typically spanning distances of several nanometers on timescales ranging 
from nanoseconds to hours, NMR can, in principle, report on all protein residues in an 
appropriately isotope-labeled sample and reveal short-range distance information on 
local secondary and tertiary structure in a fully residue-resolved manner. In addition, it 
provides dynamic information on individual backbone and side-chain motions across 
multiple timescales, as we discuss later. However, owing to its poor sensitivity and 
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general readout modality, it requires averaging over all molecules in the sample. For 
these reasons, the combined use of FRET and NMR spectroscopy offers excellent 
mutual benefits. Yet another goal to be accomplished in the future is to harness the 
impressive developments in optical super-resolution microscopy for in-cell FRET 
applications. The power of single-molecule FRET measurements in combination with 
other biophysical techniques has been demonstrated in several recent in vitro studies 
[32,64-67]. We anticipate similar synergistic breakthroughs for joint applications in 
live cells.  
 
In-cell NMR and EPR 
We finally arrive at the subnanometer to atomic resolution level where in-cell 
nuclear magnetic resonance (NMR) and electron paramagnetic resonance (EPR) 
spectroscopy reign [68]. Both methods exploit similar, non-destructive magneto-
resonance principles for the detection of biomolecules that are either based on nuclear 
spins and their selective excitation via radiofrequency pulses, i.e. NMR, or on electron 
spins and their manipulation by microwave irradiation, i.e. EPR. Importantly, NMR 
and EPR are ensemble methods that convey the behavior of molecules in a sample-
averaged manner, meaning that respective in-cell NMR or EPR signals originate from 
many molecules in many cells. Correspondingly, the information content of such 
samples reflects global rather than individual molecule properties.     
Different from in-cell single-molecule FRET measurements, basic in-cell NMR 
applications do not require chemical modifications or attachment of dyes to proteins to 
be studied in cells. Instead, proteins are labeled with stable NMR-active isotopes, which 
enable their selective detection against the backdrop of all intracellular components not 
containing such isotopes. Specifically, natural abundance protein nitrogen (14N) and 
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carbon (12C) nuclei are replaced with 15N (~0.4% natural abundance) and 13C (~1% 
natural abundance), respectively, when protein samples are recombinantly produced in 
bacteria. Upon intracellular delivery, multidimensional (2D, 3D) NMR correlation 
experiments are then used to detect nitrogen and carbon nuclei that are either bound to 
NMR-active protons, i.e. 1H-15N/13C experiments (1H, 100% natural abundance), or to 
themselves i.e. 15N-13C and 13C-13C correlations, or they are detected in combination, 
i.e. via 1H-15N/13C-13C experiments. In this manner, isotope-labeled proteins are 
selectively ‘visualized’ in cells. Importantly, this mode of detection relies on a quantum 
mechanical rather than a chemical labeling effect, which ensures that proteins are 
studied in their truly native sequence context. The higher natural abundance of 13C often 
reveals signals of endogenous metabolites in 2D 1H-13C in-cell NMR experiments, 
which can easily be subtracted with reference experiments on empty cells. Other 
naturally occurring, NMR-active nuclei such as 19F and 31P (both 100% natural 
abundance) are either rare (19F), or not bound to protein protons, carbon or nitrogen 
(31P). Evidently, in-cell FRET and NMR applications require active delivery, or 
enrichment routines to accumulate fluorescence- or isotope-labeled proteins in target 
cells. Indeed, much of the recent progress in in-cell NMR spectroscopy relates to the 
development of such methods [69,70] and of detailed protocols for the recording and 
interpretation of in-cell NMR spectra [71-74]. Here, we focus on the latest conceptual 
and methodological advancements and how they interface with in-cell EPR, cryo-ET 
and single-molecule FRET applications. 
On the conceptual side, in-cell NMR experiments proved instrumental in 
establishing the importance of quinary protein structure as a general phenomenon of 
folded and disordered proteins in cells ([75] and references therein). Quinary protein 
structure denotes the fifth level of protein structural organization and describes the 
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combined effects of transient intermolecular interactions acting on proteins in the 
crowded cytoplasm of prokaryotic and eukaryotic cells. Several studies provided key 
insights into the nature of these interactions [76] and how they are modulated by general 
physical properties such as pH and ionic strength [77,78]. They further elucidated 
quinary structure contributions to intracellular protein stability and folding [76,79] and 
how they may have evolved in a species-specific manner [80]. On the methodological 
side, major breakthroughs include the development of a straightforward electroporation 
protocol to deliver isotope- and differently spin-labeled proteins into cultured 
mammalian cells, thus making the preparation of mammalian in-cell NMR and EPR 
samples widely accessible [81-86] (Figure 4a). Following this approach, Theillet et al. 
delivered the human amyloid protein -synuclein into five different mammalian cell 
lines to demonstrate that the disordered state of the non-aggregated, monomeric protein 
is preserved under physiological cell conditions. They further confirmed that N-
terminal acetylation is a constitutive -synuclein modification in neuronal and non-
neuronal mammalian cells (Figure 4b). Importantly, Theillet et al. delineated a first 
comprehensive description of how intracellular viscosity and macromolecular 
crowding affect the dynamics of individual residues in a non-globular protein. Their 
results established that fast backbone motions in the millisecond time range remained 
virtually unchanged, whereas independent electrostatic and hydrophobic quinary 
structure interactions attenuated motions on the second timescale. Moreover, they 
found that these interactions were not uniform and mapped to functionally important 
regions of the protein. 
Given the size limitations of solution NMR applications, and the detrimental 
effects of intracellular viscosity, crowding and quinary structure on signal quality 
[81,87], in-cell solid-state NMR measurements offer appealing alternatives, especially 
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for studies of rigid macromolecular complexes and membrane proteins in their native 
environments [69]. Spearheaded by the Baldus group, the structural and dynamic 
properties of the native membrane-embedded, megadalton type IV secretion system 
core complex (T4SScc) [73] and the KscA potassium channel [88] were recently 
studied by in-cell solid-state NMR. Rather than delivering isotope-labeled proteins into 
cells, these approaches took advantage of selective isotope enrichment by expressing 
target proteins in cells grown in isotope-containing medium. Common to these 
applications is the exquisite use of dynamic nuclear polarization (DNP) for signal 
enhancement, which proved particularly powerful in efforts to explore the structure and 
dynamics of epidermal growth factor receptor (EGFR) activation upon EGF stimulation 
[89] (Figure 4c). Specifically, Kaplan et al. employed native membrane vesicles of 
human A431 cells expressing endogenous levels of EFGR to establish that EGF ligand 
binding restricts intra- and extra-cellular receptor domain motions. In turn, they 
speculated that this reduction in conformational entropy provides the basis for EGFR 
dimerization and activation. Elegant experiments on prion fibrils of the Sup35 protein 
in yeast- [90] and of Bcl-XL in E. coli cell-lysates [91] further emphasized the power 
of such DNP-based solid-state NMR approaches. The comparatively large sizes of 
these biomolecular assemblies transcend into the realm of possible cryo-ET 
applications. One particularly interesting area for such complementary studies could be 
the analysis of native amyloid fibrils formed directly in cultured human cells, or in 
patient-derived cellular preparations [92,93]. While non-aggregated, ‘healthy’ protein 
states could be investigated by in-cell single-molecule FRET and solution NMR 
methods, oligomers, fibrils and other higher-order aggregates could be targeted by 
solid-state in-cell NMR and cryo-ET experiments. The recent establishment of in-cell 
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EPR spectroscopy, which is not limited by protein size, may offer valuable additional 
insights in such collaborative efforts.  
In contrast to NMR, EPR measurements necessitate site-directed spin labeling 
of target proteins at chosen positions, similar to FRET applications. EPR labels are 
often based on organic compounds with unpaired electrons or, as preferred for in-cell 
applications, on macrocyclic chelators such as DOTA and stably coordinated 
paramagnetic lanthanide metals [83,86,94]. Thus, in-cell FRET and EPR applications 
may suffer from similar shortcomings regarding the influence of tags on the structural 
and dynamic properties of delivered proteins. These drawbacks are offset by the 
opportunity to generate FRET and EPR samples from the same starting material, 
typically engineered protein cysteine variants for fluorophore- or spin-label coupling, 
and the ability to directly compare in-cell FRET and EPR results. Contrary to the need 
for orthogonal dye pairs at two protein positions for FRET measurements, identical spin 
labels may be added at two sites for spin-spin distance measurements by double 
electron-electron resonance (DEER) experiments [95] (Figure 4d). Thus, in-cell EPR-
DEER and in-cell FRET measurements employ congruent rationales and provide 
complementary results; spin-spin distances in the case of EPR-DEER, fluorophore-
fluorophore distances in the case of FRET. Whereas FRET experiments yield single-
molecule, single-cell distance information that is locally and temporally resolved, EPR-
DEER results are ensemble-averaged over many molecules in many cells without 
spatial resolution. Clearly, the combined use of both methods provides the most 
comprehensive insights. 
Further extending the complementarity of in-cell NMR and EPR applications, 
lanthanide spin labels can also be used for paramagnetic relaxation enhancement (PRE) 
measurements by NMR spectroscopy, either to derive long-range distance information 
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about intracellular protein conformations [83], or to induce pseudocontact shifts (PCSs) 
and residual dipolar couplings (RDCs) to determine entire protein structures from 
simple 2D NMR experiments [85,96,97] (Figure 4e). Alternative in-cell structure 
determination routines in bacteria, based on classical 3D NMR methods [98] were 
recently advanced for samples at closer-to-physiological protein concentrations [71]. 
Together with the aforementioned 2D NMR approaches, they constitute a sophisticated 
toolkit for solving protein structures in prokaryotic and eukaryotic cells de novo. 
While folded proteins will represent the major focus of future solid-state in-cell 
NMR projects, structural studies of disordered proteins and protein regions are likely 
to dominate applications in solution. Given the advantageous dynamic and relaxation 
properties of these proteins in vitro and in cells, solution NMR is particularly well 
poised to interrogate their intracellular dynamics and conformational ensemble 
properties [99]. Both, solution and solid-state NMR methods will continue to thrive in 
their unique ability to provide quantitative insights into different types of protein 
motions spanning timescales from picoseconds to hours.      
 
Outlook 
A consolidated view of suitable methods for future applications in Cellular 
Structural Biology is emerging. Above all, the integrated use of complementary single- 
and ensemble-molecule methods operating at different levels of resolution presents 
itself as the most promising route for comprehensive in-cell studies in the years to 
come. The impact of such studies will depend on strategic alliances and concerted 
actions to harness the powers of these tools in the best possible ways. While this can be 
achieved through individual collaborations, it will benefit from broader, community-
wide efforts including dedicated training programs at the interface of cell biology and 
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biophysics. Biological aspects in particular need to be strengthened, especially with 
regard to measurements in physiologically relevant cell types. Many of the current in 
situ approaches exploit generic, immortalized laboratory cell lines that are robust and 
easy to handle. However, they may fall short in representing the most suitable 
biological context for the question under investigation. Here, primary cells or dissected 
tissue sections provide unique advantages, especially for methods that do not require 
large sample cell numbers i.e. cryo-ET and single-molecule FRET. Whenever high cell 
numbers are needed, as is the case for in-cell NMR and EPR experiments, the use of 
induced pluripotent stem cells (iPSCs) and their differentiation into specialized cellular 
lineages offers appealing alternatives. Such considerations underscore the need for 
advanced expertise in different areas of cell biology, which is, ideally, jointly available 
with technical and practical know-how of sophisticated biophysical methods. Future 
in-cell studies will further benefit from newly established in situ methods such as cross-
linking mass spectrometry [100], correlative light and electron microscopy (CLEM) 
and super-resolution fluorescence microscopy [101], which already play important 
roles in cryo-ET applications [27-29]. Their use in in-cell NMR, EPR and single-
molecule FRET studies will produce equally desirable synergies.  
To accomplish these goals, we must also learn to embrace the conceptual void 
that separates the precise nature of structural biology methods from the complexity and 
poor quantitative definition of biological systems. For the time being, we may have to 
accept the notion that measurements in cellular environments are inherently ‘noisy’ and 
bound to produce bias and uncertainties. We shall face these drawbacks with vigor and 
strive to overcome them, especially in light of the overarching cause: To 
comprehensively understand biology in all of its beauty and complex detail.  
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Figure Legends 
 
Figure 1: Cellular architecture and composition. Artistic overview of cellular 
components (a) at the nuclear envelope, (b) the cytoplasm and (c) cell membranes, for 
which we discuss experimental results from recent in situ studies in the different 
sections of the review. The background picture depicts a low-resolution light 
microscopy image of a thin section through a giant Xenopus oocyte stained with 
hematoxylin-eosine (HE) and inverse colored for clarity. It serves to illustrate the 
confounding complexity of the cytoplasm already visible at low magnification, with 
the cell nucleus at the center of the image. Close-up images of molecular landscape 
scenarios kindly provided by Gaël McGill at Digizyme.  
   
Figure 2: Cellular cryo-ET. (a) A schematic cross section of an adherent vitrified 
eukaryotic cell is shown on the top. Organelles and proteins such as the nuclear pore 
complex (NPC, purple) connecting the cyto- and nucleoplasm are indicated. Cells or 
cellular areas thicker than 0.5 to 1 m are non-transparent to medium voltage (≤ 300 
kV) electrons restricting tomographic studies to thin peripheral regions (black arrow, 
top panel). Thicker samples are ‘thinned’, i.e. by focused ion beam (FIB) milling 
(bottom panel). A top-view scanning electron microscope (SEM) image of a vitrified 
HeLa cell is shown on the left, the periphery is indicated with a white arrow. FIB 
milling from the top and the bottom produces cryo-lamellae of uniform thickness 
(schematic, middle image). Resulting lamellae as seen by SEM are shown on the right. 
(b) Conventional phase contrast is induced by negative defocusing (underfocusing). 
Structural features remain mostly invisible (top panel; x-y slice of a defocused 
tomogram).  Phase plates introduce a phase shift between the scattered and non-
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scattered waves at the microscope’s diffraction plane resulting in greatly improved 
contrast (bottom panel; x-y slice of a Volta phase plate (VPP) tomogram). (c) 
Tomogram analysis; surface-rendered visualization of a tomographic volume, 
displaying the nuclear envelope, underlying lamin meshwork, nuclear pore complexes 
(NPCs), microtubules, actin filaments and ribosomes identified by template matching 
of a HeLa cell. A tomographic slice containing individual NPCs is shown below. The 
image at the far right displays a bottom-up view of subtomogram averages of HeLa 
NPCs in grey and the high-resolution average of reconstituted HeLa NPCs determined 
by von Appen et al. [28] in cyan. Below, individual subtomogram averages (grey) are 
shown perpendicular to the nucleo-cytoplasmic axis, with Nup densities of inner and 
outer ring structures labeled. A superposition with the von Appen structure (cyan) is 
depicted on the right. The final tomographic reconstruction of average HeLa NPC 
structures is shown at the bottom. The positions of inner and outer nuclear envelope 
(NE) membranes are indicated (Adapted from Mahamid et al. [31]). 
 
Figure 3: In-cell single-molecule FRET spectroscopy. (a) Protein molecules labeled 
for FRET with donor and acceptor fluorophores are microinjected into adherent 
eukaryotic cells and (b) probed by confocal single-molecule spectroscopy. The 
essential optical components for four-channel detection are illustrated for time-
correlated single-photon counting with sensitivity for emission wavelength (donor and 
acceptor emission), polarization (polarizing beam splitter) and correlation analysis with 
picosecond time resolution. (c) The success of microinjection can be monitored by 
confocal fluorescence microscopy, here illustrated by a fluorescence lifetime image 
overlaid with a differential interference contrast image. In this example, injected cells 
(green) exhibit longer-lifetime emission from FRET-labeled molecules than from 
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autofluorescence (light blue). Red, blue, and black circles indicate measurements in the 
nucleus, cytosol, and extracellular medium, respectively (see also panel e). (d) 
Examples of fluorescence time-traces recorded in the cytosol. Photobleaching results 
in characteristic intensity decays on the timescale of minutes (1-s binning). With 1-ms 
binning, fluorescence bursts of donor (green) and acceptor (red) photons are visible. (e) 
Examples of FRET efficiency histograms acquired in the cytosol and nucleus, and 
correlation analysis on the nanosecond to millisecond timescale that enables distances, 
distance dynamics, and translational diffusion to be probed in live cells (Adapted from 
König et al. [56]). 
 
Figure 4: In-cell NMR and EPR spectroscopy. (a) Schematic overview of the 
delivery of isotope-labeled proteins into cultured mammalian cells by electroporation 
for preparing solution in-cell NMR and EPR samples. (b) Intact electroporated cells are 
directly transferred into NMR tubes and sedimented for measurements on the resulting 
cell slurries. NMR spectra depict results from 2D 1H-15N correlation experiments on 
the human amyloid protein -synuclein in isolation (black) and in A2780 cells (red). 
Non-acetylated protein is shown in the reference spectrum on the left, N-terminally 
acetylated reference -synuclein is shown on the right. Non-matching in-cell NMR 
cross-peaks of N-terminal -synuclein resonances in the left panel are marked with 
asterisks. Their perfect superposition with NMR signals of N-terminally acetylated 
protein is evident on the right. Model representation of cellular -synuclein (red) 
shielding its amyloidogenic NAC region (black) from interactions with cytoplasmic 
components shown schematically as white spheres. Transient electrostatic interactions 
between N- and C-terminal residues are indicated (Adapted from Theillet et al. [83]). 
(c) Overview of solid-state NMR experiments on cellular vesicles prepared from native 
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membranes of A431 cells expressing endogenous amounts of epidermal growth-factor 
receptor (EGFR). The overlay of 2D NMR spectra show 13C-13C correlations of EGFR 
serine residues in the absence (red) and presence (blue) of EGF growth-factor 
stimulation, with carbon chemical-shift values indicative of random coil, -strand and 
-helical conformations boxed in grey, blue and red, respectively. Bar graphs outline 
the distribution of secondary structure elements within the extracellular domain (ECD), 
kinase domain (KD) and C-terminal region (CT) of cellular EGFR as determined by in 
situ NMR measurements (Adapted from Kaplan et al. [89]). Models from left to right 
depict possible EGFR conformations upon activation by EGF (blue), according to 
NMR data (bottom-right panel). In the absence of growth factor, the ECD of native 
monomeric EGFR exists in an extended, high-mobility conformation rather than in a 
membrane-collapsed low-mobility state previously discussed as a possible 
conformation of inactive EGFR. Upon EGF binding and receptor dimerization, ECD 
residues display reduced mobility (far right). In this state, cross-phosphorylation of 
EGFR CT residues (shown as green balls) by the cytoplasmic kinase domains initiates 
downstream signaling. Models were prepared with coordinates provided in Arkhipov 
et al. [102]. (d) Schematic representation of double electron-electron resonance 
(DEER) coupling of Gadolinium (Gd) spin-labeled -synuclein in mammalian cells. 
(e) In-cell protein structures and energies calculated with Rosetta using pseudocontact 
shift (PCS) and residual dipolar coupling (RDC) 2D in-cell NMR data of the protein G 
B1 domain (GB1) as input. Ribbon presentations depict the superposition of 13 lowest-
energy Rosetta structures (red) with an in vitro NMR ensemble of GB1 (grey, PDB ID: 
1GB1. Adapted from Müntener et al. [97]). 
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